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Abstract 
Quantitative assessment of bacterial and fungal degradation of glucose and cellulose 
 Rene Miller 
Fungi are known for having metabolic capabilities that allow them to decompose complex 
organic material and are abundant in the organic soil horizon. The mineral horizon has a greater 
proportion of bacteria. These trends suggest that fungi are the predominate decomposers of 
complex polymeric substrates while bacteria focus on simpler substrates.  However multiple 
strains of cellulose degrading bacteria have been identified making the relative contribution of 
these groups to decomposition less clear. The goal of this research was to quantify the 
assimilation of cellulose and glucose derived carbon by bacterial and fungal taxa thus revealing 
their decomposition activity.  To address this objective, we examined bacterial and fungal 
communities from soils with differing carbon substrate inputs by sampling the Detritus Input and 
Removal Treatment (DIRT) plots in Harvard Forest (Petersham, MA). We examined soils that 
have received twice the normal amount of leaf litter (double litter), had no leaf litter (no litter), or 
had normal litter inputs (control).  We measured the decomposition of glucose and cellulose by 
incubating soils with 13C-labeled substrates.  Assimilation of substrates by microbial taxa was 
assessed by quantitative stable isotope probing. This method measures the incorporation of 
isotopically labeled (i.e. 13C) compounds into the DNA of microorganisms. The rate of glucose 
decomposition was greater than that of cellulose regardless of treatment, with the majority of 
mineralization occurring in the first two weeks. The rate of decomposition varied across 
treatments. Both microbial groups showed significant 13C incorporation from glucose and 
cellulose. On average fungal operational taxonomic units (OTUs) had a higher 13C excess atom 
fraction (EAF) compared to bacterial OTUs for both substrates. A significant number of bacterial 
OTUs had little to no 13C EAF suggesting that those OTUs may be dormant or utilizing 
alternative substrates. The metabolically active bacterial OTUs may be important in cellulose 
degradation and competitive in glucose assimilation. Bacterial OTUs 13C EAF was not 
significantly different between substrates and across treatments, whereas fungal OTUs 13C EAF 
varied. Substrate usage by bacteria was not impacted by environmental variance, whereas fungal 
usage may vary. 
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Introduction 
Soil is a large carbon (C) pool. It stores 4.5 times the C contained in vegetation (Lal, 
2004). Human activities have reduced soil organic carbon (SOC) stocks; since the industrial 
revolution soil has released 78±12 Pg of C into the atmosphere (Lal, 2004). This release of C is 
at an increased rate than before the industrial revolution (McKinley et al, 2011) and contributes 
to global climate change. Management of agricultural and natural ecosystems may mitigate 
rising carbon dioxide (CO2), for instance by reducing tillage by farmers or the use of forests to 
sequester C (Bowden et al, 2014; Fekete et al., 2014). The possibility of using forests to 
sequester C is a newer proposal. Sequestration of C is possible because not all of the C entering 
soil is labile and respired by microorganisms; some of it is recalcitrant and remains in the soil for 
thousands of years contributing to the stored C pool (Lal, 2004; McKinley et al, 2011; Fontaine 
et al, 2007). This sequestering of C may reduce the amount of CO2 in the atmosphere. Models 
can predict the processing of C in soil and its release into the atmosphere. However, the majority 
of models describe the activities of microorganisms using only one variable that fails to capture 
the complexity of microbial communities and soil organic matter (SOM) chemistry. This “black 
box” approach is not an accurate representation of what occurs in soil as a result of 
microorganisms. Soils are biodiverse and the roles of individual microbial operational taxonomic 
units (OTUs) are debated (Bezemer et al, 2010; Philippot et al, 2013; Torsvik, V., & Øvreås, L., 
2002). SOM is similarly complex with compounds existing along a spectrum from labile to 
recalcitrant (de Vries & Caruso, 2016; Contrufo et al., 2013; Lehmann & Kleber, 2015). The 
“black box” or a single variable model to describe microorganisms’ interaction with the C cycle 
is inadequate (Allison, 2012; Rey et al, 2005). For instance, models by Allison (2012) and Rey et 
al. (2005) could not fully predict leaf litter decay or changes in production of CO2 from soil. This 
inadequacy could be addressed if more was known about microbial community composition and 
interactions (Allison, 2012), and substrate utilization and how it varies between soil types and C 
inputs. The taxonomic groups that make up the soil microbial communities can vary in their 
response to plant litter composition, nutrient content, soil moisture and C quality (Contrufo et al., 
2013; Rousk & Frey, 2015; Rey et al, 2005). With these factors that can change community 
response and composition, it is necessary to understand which organisms consume dominant 
substrates because soil microbial community composition may directly impact the C cycle 
(Zhang et al., 2014; Lopez-Lozano et al. 2013). For instance, differences in microbial 
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biodiversity can influence rates of litter decay, and soil respiration (Allison, 2012; Evans & 
Wallenstein, 2013; Waring et al., 2013). Having an estimate of respiration rates by a microbial 
community in a mixed-hardwood forest soil and the communities’ use of SOC will allow C 
decomposition models to predict future CO2 concentrations. This may allow for a more precise 
prediction of soil C decomposition. 
One primary controller of decomposition rates is litter quality (Contrufo et al., 2013; 
Couteaux et al, 1995; Sariyildiz & Anderson, 2003). Labile substrates that are rapidly 
decomposed by microorganisms are considered to be of higher quality than more recalcitrant 
substrates that degrade slowly (Contrufo et al., 2013; Averill et al.; 2014). The quality of SOC 
can change due to quantity of leaf litter inputs. For example, Rousk & Frey (2015) found that 
increasing the amount of litter inputs resulted in a higher quality C and an increased C:N ratio 
than in treatments without litter inputs. This change in soil C could alter microbial community 
composition (Morrissey et al., 2014; Kramer & Gleixner, 2008). 
Soil microbial communities are dominated by fungi and bacteria. They are integral parts 
of the decomposition of C substrates in soil. In forests, fungi are dominant at the surface of soil 
(the organic horizon) and bacteria below the surface layer (the mineral horizon, Fierer et al, 
2003; Šnajdr et al., 2008; Baldrian et al., 2012). C substrate usage of these groups is considered 
to differ; bacteria generally decompose easily available substrates like glucose and exhibit high 
turnover rates (de Vries & Caruso, 2016, Graaf et al, 2010); whereas, fungal communities 
predominately decompose complex polymers like cellulose and lignin (Graaf et al, 2010, Rousk 
& Frey, 2015). However, this theory of substrate usage is obscured by the identification of 
cellulose degrading bacteria (el Zahar Haichar et al., 2007; Lu et al., 2005; Ransom-Jones et al., 
2012) and the capability of fungal OTUs to have a more efficient C & N cycling (de Vries & 
Caruso, 2016; Hunt et al, 1987; De Ruiter, 1993; de Vries et al, 2011). This efficient cycling 
allows fungi to utilize the labile substrates and produce enzymes to degrade recalcitrant 
substrates, which increases competition for both substrates. Fungi can utilize labile C substrates 
and exhibit enhanced growth in response to abundant leaf litter (Rousk & Frey, 2015; de Vries & 
Caruso, 2016). Lack of understanding of which bacterial and fungal OTUs utilize cellulose and 
glucose in mineral soil; limits our ability to understand and predict decomposition rates and soil 
C storage. 
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In this study we used quantitative Stable Isotope Probing (qSIP, Hungate et al. 2015) to 
identify which microbial OTUs are decomposing cellulose and glucose. This method quantifies 
the assimilation of a labeled-substrate by individual microbial OTUs. The assimilation of the 
labeled-substrate can be done by indirect or direct substrate usage. An OTU that has indirect 
substrate usage would have assimilation of the cellulose by product and does not produce the 
enzymes to degrade the C substrate. Microbial OTUs that produce enzymes to degrade the 
substrate and assimilate the product is an example of direct substrate usage. This technique 
works by incubating environmental samples with a 13C labeled substrate. The substrate is 
assimilated into biomass including DNA or respired. The DNA from the incubated soil samples 
are extracted and separated based on density. This is done by a CsCl gradient and 
ultracentrifugation, which allows for the formation of multiple density fractions with nucleic 
acids depending on the extent of 13C incorporation into DNA. The phylogenetic marker (16S 
rRNA and 18S rRNA) genes are quantified by quantitative polymerase chain reaction (qPCR) 
and the source of the products are then identified by Illumina sequencing. The qPCR allows for 
quantification of the abundance of the gene, while the sequencing allows for identification of the 
microbial OTUs present. To measure the amount of the stable isotope incorporated by an 
organism a weighted average density (WAD) is calculated. This is done by summing products of 
density and the phylotype’s gene abundance for all the fractions taken from the centrifuge tube. 
The density of the organism’s DNA after incubation with the labeled substrate is then compared 
to its density in the control incubation that did not have a stable isotope. This allows for changes 
in density to be observed. Microorganisms do not assimilate all of the substrate into biomass as 
they respire a fraction as CO2 and some substrate remains in the soil. The 13C that was 
incorporated into DNA allows for a quantitative measure of OTU specific utilization in 
organisms that decompose SOC. 
To determine if historical changes in organic matter inputs to the soil alter C substrate 
usage and community composition, we collected soil from the Detritus Input and Removal 
Treatments (DIRT) within the Harvard Forest Long Term Ecological Research (LTER) station 
(Petersham, MA). The DIRT plots were established in 1990 and have multiple treatments. 
However, for our research we looked at three treatments with varying leaf litter input; the control 
(normal litter input), double litter (twice the amount of normal leaf litter received) and no litter 
(litter removed). The treatment plots exhibited differences in SOM quantity and chemistry. For 
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instance, the double litter treatment had double the organic horizon of the control and the no 
litter had negligible amounts. Nadelhoffer et al. (1999) observed that litter input contributed to 
changes in concentrations of C and N present in the soil and changes in respiration between 
treatments. 
 Here we used qSIP to further understand the function of different microbes in the C cycle 
using qSIP. There were two objectives for this experiment: 1. quantify 13C assimilation by 
bacterial and fungal OTUs from glucose and cellulose, and 2. assess patterns in substrate usage 
and rates of C degradation across litter input treatments.  
Methods 
Field sites and sample collection 
 Soil samples were collected from the Harvard Forest DIRT Experimental Plots located in 
Petersham, MA on December 2, 2016. The plots are located in a century old, mixed hardwood 
forest consisting of northern red oak (Quercus borealis), red maple (Acer rubrum) and paper 
birch (Betula papyrifera). Further site description can be found in Bowden et al. (1993). The 
plots were established in 1990 and had been maintained for 26 years at the time of sampling. The 
samples were collected from a subset of the DIRT treatments: control, double litter, and no litter. 
The experimental plots (3x3m) are randomly placed within a block. Each block has one of each 
of the litter treatments randomly located in it and the block is replicated three times. The plots 
range in the amount of leaf litter additions. The control treatment has the normal amount of leaf 
litter fall that occurs naturally throughout the year. Double litter treatment has twice the amount 
of the leaf litter fall that occurs in a year, so twice the litter that falls on the control treatment 
plots. This addition is completed by the removal of the leaf litter from a no litter plot and its 
transfer to its paired double litter plot within the block. A total of 10 cores were taken from each 
plot and were 1 inch in diameter. The visible organic horizon was measured and removed; the 
top 10 cm of the mineral horizon was collected. The cores from the individual plots were 
homogenized and stored at ~4°C for 24 hours prior to soil analyses and 72 hours prior to the 
experimental incubations were conducted. The initial time was the start of the soil 
incubations.Soil was set aside for DNA analysis at this initial time, so the initial microbial 
community could be analyzed before incubation of the substrates.  
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Soil analysis 
 The percent soil moisture was determined by the addition of 10 g of soil into a tin and 
allowed to dry for 24 hours at 65°C. After the soil is dried and re-weighed, the grams of water 
present in the soil was divided by the soil wet weight. The percent SOM was determined as loss 
on ignition by combusting dried samples at 400°C for 15 hours in a Lindburg blue M muffler 
furnace (Thermo Scientific, Waltham, MA, USA). The C:N ratio was determined by combustion 
of around 200 mg of dry soil with a vario MAX cube (Elementar, Ronkonkoma, NY). Lastly, the 
water-holding capacity (WHC) was determined by the addition of approximately 10 g of soil to 
filter paper over a container with 10 mL of water added. The water was gravitationally filtered 
into the container and the entire apparatus was weighed. 
Microbial community composition 
 Phospholipid fatty acid (PLFA) analysis was completed on the original nine soil samples 
(three per treatment). A modified Bligh and Dyer (1959) extraction procedure (White et al, 1979, 
Guckert et al. 1985) was used to include a single phase solvent system (chloroform) modified 
with a phosphate buffer. Further steps were taken to convert the viable lipid extracts to fatty acid 
methyl esters (FAMEs). Purified FAMEs after being brought to volume with hexane were 
injected onto a Varian 3800 FID GC. Identification and quantification of FAMEs were based on 
retention time data with known standards from Matreya, LLC (State College, PA). The fungal 
biomarkers used were 18:2ω6,9 and 18:1ω9c (Bardgett et al. 1996, Bååth, 2003). The bacterial 
biomarkers were made up of four different groups of fatty acids, i15:0, a15:0, i16:0, i17:0 and 
a17:0, 18:1ω7c, cy19:0, 15:0, 16:1ω7c and 16:1ω7t (Ekelund et al., 2003, Leckie et al., 2004). 
Stable isotope probing incubations 
 Within 72 hours of collection, samples were homogenized and 21 g subsamples were 
added to 950 mL mason jars. Subsamples were amended with 99 atom percent 13C glucose, 97 
atom percent 13C cellulose, or water (control). Cellulose was purchased from IsoLife 
(Wageningen, NL) and the glucose was purchased from Isotec (Miamisburgh, OH). The 
substrates were added at concentrations of 400 µg 13C-C g soil-1 in sterile water sufficient to 
bring the soils WHC to 60%. The mineralization of the substrate was quantified through 13CO2 
production rates in a similar fashion as in Morrissey et al. (2015). Briefly, 60 mL of head space 
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gas was sampled through septa in the lids every 2 to 3 days for 42 days. After each sampling, the 
incubation jars were aerated for 10 minutes. For the measurement of total C production 10 mL of 
the gas was removed and quantified with a LI-COR 6400XT (LI-COR, Lincoln, Nebraska, USA) 
and 50 mL was used in quantifying 13C production with a Picarro Cavity Ring-Down 
Spectrometer (Picarro Inc., Sunnyvale, California, USA). Mineralization of each substrate was 
determined by the 13C produced in CO2 and the known concentration of the amount of substrate 
added and the natural soil C. The isotopic mass balance equation was used: 
13C = Ctotal(δ13Ctotal-δ13C soil carbon)/(δ13C carbon substrate-δ13C soil carbon) 
The fraction of 13C-labeled substrate remaining in the soil was calculated by subtracting the 
cumulative 13C-labeled substrate mineralized to CO2 from the total labeled substrate to the jar. 
Soil was removed from the incubations for analysis on days 0, 7, 21 and 42 for enzymatic assays 
and DNA analysis. Soil for the DNA analysis was immediately frozen prior to extraction, while 
soil for enzymes was stored at ~4°C for 24 hours or less. The DNA samples used for qSIP and 
further analysis was taken from day 0 for all incubations and day 7 in the glucose incubations 
and day 21 for cellulose. 
Enzymatic activity 
 Extracellular enzyme activity was measured for all incubations on day 0, 7, 21 and 42. 
The enzymes measured to identify degradation of the C substrates were β-1,4-glucosidase (BG, 
E.C. 3.2.1.21) and 1,4-β-cellobiosidase (CBH, E.C.3.2.1.91). The activity of these enzymes was 
measured by artificial substrates that were linked to methylumbelliferone (MUB, Sigma-Aldrich 
Co., St. Louis, MO, USA) for fluorescence. The protocol for enzyme activity was from Neubauer 
et al. (2013). The only modification was the soil slurries were prepared by adding 0.25 g of soil 
to 25 mL of deionized water and sonicated at 15 W for 2 minutes with a Tissue Tearer Model 
985-370 (Biospec Products, Bartlesville, OK, USA). 
DNA analyses 
 Total soil DNA was extracted with the PowerSoil DNA Isolation Kit (MoBio, Carlsbad, 
CA) using their protocol with some modification. The modifications were after adding the C1 
solution the tubes were heated at 70°C for 10 minutes. After the additions of C2 and C3, samples 
were incubatedfor 5 minutesinstead of 10 minutes, and solution C6 was heated and added in two 
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50 µL aliquots.  For qSIP, DNA was added to CsCl with a density of approximately 1.66 g mL-1. 
This is because the density of DNA can range from 1.64-1.68 g mL-1 for bacteria (Zahar et al., 
2007). After the CsCl addition, samples were centrifuged in OptiSeal centrifuge tubes using a 
TLA-100 rotor in an Optima Max ultracentrifuge (Beckman Coulter Life Sciences, Indianapolis, 
Indiana, USA) at 60,000 rpm for 72 hours at 18°C. The resulting gradient was fractionated with 
20 drops into each tube, which is approximately 200 µL. The density of each fraction was 
measured with a Pocket Refractometer Pal-1 (Bellevue, WA, USA). The DNA was separated 
from the CsCl using isopropanol precipitation similar to Hungate et al. (2015). The DNA was 
resuspended in molecular biology grade water (Bicca, Arlington, TX, USA) and quantified in 
each density fraction. DNA was quantified by PicoGreen (Molecular Probes, Inc., Eugene, OR) 
fluorescence. The total number of bacterial 16S rRNA and fungal 18S rRNA gene copies in each 
density fraction were determined by qPCR. All fractions were analyzed in triplicate in 15 µL 
reactions. The reactions (15 µL) consisted of 2 µL of DNA template and 13 µL of master mix. 
The 16S rRNA reactions consisted of 2 µL of DNA template, 0.2 µM forward (515F 5'--
GTGYCAGCMGCCGCGGTAA--3') and reverse (806R 5'--GGACTACNVGGGTWTCTAAT--
3') primers (Caporaso et al., 2011), 7.5 µL Syber Green Master Mix (BIO-RAD, Hercules, CA, 
USA) and molecular grade water. Thermal cycling conditions were denaturation at 95°C for 2 
minutes, followed by 40 cycles of 95°C for 30 seconds, 55°C for 30 seconds and 72°C for 60 
seconds. The 18S rRNA reaction amplified the V9 region and the reaction contained 0.4 µM 
forward (1380F 5'—CCCTGCCHTTTGTACACAC--3') and reverse (1510R 5'--
CCTTCYGCAGGTTCACCTAC--3') primers (Amaral-Zettler et al, 2009), 7.5 µL Syber Green 
and molecular grade water. The cycling conditions were: one step at 98°C for 3 minutes, followed 
by 40 cycles of 98°C for 45 seconds, 60°C for 45 seconds and 72°C for 30 seconds. The qPCR 
reactions were completed on a Thermofischer Quantstudios Real-Time PCR system (Thermo 
Fisher, Waltham, MA) 
Sequencing of 16S & 18S rRNA genes 
 For each sample, density fractions that had a density greater than 1.63 g mL-1 and at least 
1% of bacterial 16S rRNA genes were sequenced using Illumina adapted 515F and 806R 16S 
rRNA primers and the Schloss lab protocol (Kozich, et al. 2013). For 18S rRNA gene 
sequencing, fractions that had a density greater than 1.62 g mL-1 and at least 1% total 18S rRNA 
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gene copies were amplified using EukV4F and EukV4R adapted primers that target the V4 
region adapter (in bold) attached to (EukV4F 5'—
ACACTGACGACATGGTTCTACACCAGCASCYGCGGT-AATTCC--3') and (EukV4R 5' 
TACGGTAGCAGAGACTTGGTCTACTTTCGTTCTT-GATYRA--3') described in Stoeck et 
al. (2010). PCR reactions (25 uL) contained 1 µL DNA template, 5 µL high fidelity buffer 
(Thermo Scientific, Waltham, MA, USA), 0.5 µL 10 mM dNTPs, 17.25 µL molecular grade 
water, 0.50 µL of each primer at an initial concentration of 10 µM and 1 U of Phusion High-
Fidelity DNA Polymerase (Waltham, MA, USA). The thermocycling conditions used were: 
initial denaturation at 95°C for 5 minutes, followed by 35 cycles of denaturation at 95°C for 15 s, 
annealing at 65°C for 30 s and amplification/extension at 68°C for 1 min with a final elongation at 
72°C for 10 min on a BioRad 2100 thermal cycler (BioRad, Hercules, CA, USA). The PCR 
product was quantified by PicoGreen (Molecular Probes, Inc., Eugene, OR) fluorescence and 
quality checked on a 2% agarose gel (VWR, Radnor, PA, USA) that ran for 1 hour at 130V. A 
secondary amplification (15 µL) was done by Michigan State University’s sequencing facility, 
this ‘tailing’ reaction added the Illumine adaptors (Illumina Inc., San Diego, CA, USA). The 
reaction utilized 7.50 µL 2.0X Hot Master Mix (New England biolabs, Ipswich, MA, USA), 5.50 
µL DI water, 6 µM primer mix and 1 µL of the EukV4 amplicon. The thermocycling conditions 
used were: initial denaturation at 95°C for 3 minutes, followed by 15 cycles of denaturation at 
95°C for 15s, annealing at 60°C for 30s and amplification/extension at 72°C for 1min with a final 
elongation at 72°C for 3min. Both bacterial 16S rRNA and fungal 18S rRNA amplification 
products were batch normalized with the Invitrogen SequealPrep DNA normalization plates. The 
products recovered were pooled and cleaned using Ampure XP magnetic beads. The pools were 
quality checked and quantified with Thermo Fischer Qubit dsDNA HS (Waltham, MA, USA), 
Agilent Bioanalyzer DNA 1000 (Santa Clara, CA, USA) and Kapa Illumina Library 
Quantification qPCR assays (Boston, MA, USA). Individual pools were loaded onto a MiSeq 
standard v2 flow cell and sequenced in a 2x250bp paired end format that utilized a MiSeq v2 500 
cycle reagent cartridge. Index 1 primers were added to appropriate wells and complemented the 
bacterial 16S-V4 primers 515F/806R or the fungal amplicons Fluidigm CS1/CS2 oligo tags. 
Illumina Real Time Analysis (RTA) v.1.18.54 was used for base calling and RTA output was 
demultiplexed and converted to FastQ format with Illumina Bcl2fastq v2.19.1.  
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Data analysis  
 The unit of measurement for respiration and enzymatic activity was per gram organic 
matter (gOM). This unit of measurement was used to standardize for a variation in substrate 
availability in the soil. All statistical analyses were done in R (version 3.4.0). One-way ANOVAs 
were completed on all soil characteristic data and PLFAs and used the aov function (Chambers et 
al., 1992). Two way-repeated measures ANOVAs were completed for all respiration and 
enzymatic data and utilized ezANOVA (Bakeman, 2005).  
Sequences were returned demultiplexed from Michigan State University sequencing 
facility. In QIIME (version 1.9.1) the sequences were joined by multiple paired ends. The joined 
sequences were clustered using the open reference operational taxonomic unit (OTU) picking 
protocol (Rideout et al., 2014) against the Silva_128 databases for fungi and bacteria. The fungal 
OTUs were picked by open reference OTUs with the SILVA reference file of 99% sequence 
identity. The biom table that resulted was filtered by taxonomy with a minimum count fraction of 
0.00005. The table was then filtered to remove the domain of “other”. Taxonomy was assigned 
with the “SILVA consensus all levels 99” file and used the program mothur at 0.90 confidence. 
The biom file was converted to a text file for use in the qSIP process. The bacterial 16S rRNA 
sequences were demultiplexed and were joined by multiple paired end reads. OTUs were picked 
with pick_open_reference_otus at 97% sequence identity using the Silva_128 database. Low 
abundance OTUs that were removed were below the minimum count fraction of 0.00005. Core 
diversity was rarified at a sampling depth of 10220 and the biom was converted to text for 
further qSIP analysis. 
 For qSIP analysis, the R package qSIP by Ben Koch was utilized. This package utilizes 
the steps and equations from Hungate et al. (2015). Excess atom fraction (EAF) 13C was 
calculated for each OTU as described in Hungate et al. (2015). Briefly, a WAD was calculated 
for each OTU in each treatment. From this the mean WAD is taken and the heavier WAD 
(labeled isotope treatments) is subtracted by the lighter WAD (water incubated treatments). This 
difference is the shift in WAD. With the shift in WAD the EAF 13C is calculated. The three 
replicates for each treatment had the average EAF 13C and 90% confidence intervals calculated. 
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Results 
 Several soil characteristics differed across the litter input treatments. The depth of the 
organic horizon varied across treatments (p< 0.001) with all of the treatments being significantly 
different from each other. The double litter treatment had the greatest organic horizon, which 
was almost double that of the control treatment (Table 1). The no litter treatment had less than 
1cm of organic horizon accumulated. The percent soil moisture for the no litter treatment had 
significantly greater moisture than the double litter treatment (Table 1). The WHC of the no litter 
and control treatments were significantly different (Tukey HSD, 0.03); the control treatment had 
the highest WHC of 1.00 g H2O g-1 dry soil-1 (Table 1). The percent SOM and the C:N ratio were 
not significantly different between any of the treatments.  
 Microbial biomass analyzed by PLFA (Table 2) revealed differences in fungal and 
bacterial biomass. The total fungal biomass was not significantly different between treatments 
but was generally higher in the double litter treatment. Bacterial biomass, Actinomycetes not 
included, was significantly greater in the double litter treatment relative to the control and no 
litter treatments (p<0.05, Table 2). Actinomycetes was not included in the bacterial biomass 
measurement because this group has similarities to fungi and is considered a “gray” marker. The 
total fungal and bacterial biomass (Actinomycetes not included) and Actinomycetes biomass were 
similar in that the control was not significantly different from both the double and no litter 
treatments, but was the intermediate. The no litter treatment was significantly lower than the 
double litter treatment (Table 2).  
 To examine soil decomposition processes, soil from each treatment was incubated with 
13C enriched glucose and cellulose and decomposition was measured in gOM. The total C 
respired from soil varied by substrate, by treatment and over time (Figure 1A, C & E). There was 
a difference in the amount of C respired in the glucose and cellulose incubations. In the cellulose 
incubations there was a greater total C respired compared to in the glucose incubations. 
However, a trend persisted in that the greatest total C respiration was consistently in the double 
litter treatment, with the control the intermediate regardless of substrate incubation. These trends 
are held up by statistical analysis. The cellulose incubations had the no litter and double litter 
treatments significantly different at the majority of time points (p-value, 0.008-0.09). No litter 
and double litter treatments total C respiration differed significantly (p< 0.001-0.07) in the 
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glucose incubations. The glucose incubations had no litter and double litter treatments 
significantly different (p<0.001-0.07) for the majority of points. At the last time point all 
treatments were significantly different (Figure 1C). The control (water amended) incubations had 
the no litter treatment with the lowest total C respired. The litter incubations were not 
significantly different except at two times; no litter and double litter different on days 28 and 32 
(p<0.04). 
 The amount of 13C-labeled substrate remaining varied between treatments (Figure 1 
B&D). The no litter treatment had the most labeled substrate remaining in the glucose substrate 
incubation and it was significantly different from the control (p~0.04).   
 Soil extracellular enzyme activity was measured periodically throughout the incubations. 
There were no significant consistent trends in the data. The BG no litter and double litter 
treatment had differences over time with the activity rate at day 42 greater than days 0 and 7 
(Table 3). 
 For each OTU the C assimilated from 13C substrates was measured as the EAF 13C using 
qSIP (Figures 2&3). Fungal OTUs on average had an EAF 13C greater than 0.1 with the 
exception of the double litter cellulose incubation that had an average of 0.0829 (Figure 4). Few 
OTUs had an EAF 13C greater than 0.2 (above average) and belonged to Ascomycota, 
Basidiomycota, Chytridiomycota, Cryptomycota and Mucoromycota, OTUs in the groups 
Chytridiomycota, Ascomycota and Mucoromycota had an EAF 13C greater than 0.2 from glucose 
assimilation in at least one treatment. OTUs in Basidiomycota, Ascomycota and Mucoromycota 
had an EAF 13C greater than 0.2 from cellulose assimilation in at least one treatment. Enrichment 
varied across the litter treatments and there were few correlations in 13C assimilation of OTUs 
across treatments (Figure 5). The correlations were used to compare if microbial OTUs had 
similar 13C EAF across treatments and between treatments. The highest correlation was r = 0.42 
for the glucose double litter and control treatment. The double litter and no litter treatments had 
similar EAF 13C for OTUs between substrates (p-value, 0.01 and 0.04). The total number of 
OTUs sequenced from each phylum was similar between substrates (Table 4). Mucoromycota 
and Ascomycota had the most orders sequenced across the majority of treatments and between 
substrates.  
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 Bacterial EAF 13C differed by substrate. There was a greater number of OTUs that had an 
EAF 13C greater than 0.1 in the glucose incubations than the cellulose incubations (Figure 3&4). 
Above average assimilation of the cellulose substrate was by members of Bacteroidetes and 
Proteobacteria (Figure 3). Bacteroidetes and Proteobacteria had the most OTUs that 
incorporated cellulose at an EAF 13C greater than 0.2. The mean EAF 13C of bacterial OTUs 
ranged from 0.02-0.05 across the incubations (Figure 4). The lowest mean and median was for 
cellulose in the no litter treatment. Bacterial substrate assimilation correlated across substrates 
and treatments (Figure 5). All correlations had p-values <0.001. The greatest correlations 
occurred in the glucose incubations across the double litter treatment and no litter (r = 0.68) and 
control (r = 0.52). The lowest correlation value of 0.1 was between the cellulose double litter and 
glucose no litter treatment.  
Discussion 
Soil characteristics 
 After 27 years of litter manipulations the Harvard DIRT plots had few differences in soil 
characteristics. This trend is consistent with other DIRT plots. The amount of C in the mineral 
horizon was not significantly different between the three litter treatments and this was similar to 
the first 20 years of an old-growth Douglas-fir forest in Oregon and a mixed deciduous forest in 
Pennsylvania (Sulzman et al, 2005; Bowden et al, 2014). The first DIRT plots were established 
in a deciduous forest in Wisconsin. In this system soil C was significantly elevated in the double 
litter and reduced in the no litter compared to the control after 28 and 50 years (Lajtha et al. 
2014a). The younger DIRT sites, like those in Harvard Forest, may not have a change in soil C 
due to a shorter period of time for C to sequester into the mineral soil and may take a longer 
period of time for sequestration to occur compared to the Wisconsin and other plots (Lajtha et al, 
2014b; Fekete et al., 2014). Although soil C did not change in the mineral horizon, other soil 
characteristics were affected (Table 1). Specifically, the double litter treatment had lower soil 
moisture than the other two treatments. This could be due to the thick organic horizon in the 
double litter plots acting as a barrier and retaining moisture before it can reach the mineral soil. 
This would allow for the rainfall to evaporate off of the litter or slowly percolate through the 
mineral soil in the control litter treatment (Facelli & Pickett, 1991; Sayer, 2006).  
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Enzymatic activity and respiration  
 Extracellular enzymes like BG and CBH are responsible for the degradation of cellulose, 
the primary polymer in plant litter.  Enzymes are considered to be the initial step of litter 
decomposition (Lajtha et al, 2014b, Sollins et al, 1996). Soil enzymes are deemed to be a 
sensitive indicator of the belowground microbial response and are used to indicate microbial 
nutrient demand (Dick, 1992; Gregorich et al, 1994; Jordan et al, 1995; Sinsabaugh et al, 2008). 
Recent studies show BG and CBH activity to increase with SOM and leaf litter (Sinsabaugh et 
al, 2008 & Lajtha et al, 2014b). In 40 sites with varied ecosystems from the arctic tundra to a 
mixed deciduous forest excluding surface litter an increase in CBH and BG activity correlated 
with an increase in SOM (Sinsabaugh, 2008). In the Harvard Forest DIRT plots a similar result 
was observed in that BG had an increase in activity with increased amounts of leaf litter (Lajtha 
et al., 2014b). This correlation of increased activity with increased leaf litter and SOM did not 
match our data (Figure 3) in that there was no significant difference between treatments. The 
initial activity for BG and CBH was increased in the no litter treatment and the double litter had 
the lowest activity of BG. The decreased initial enzyme activity in the double litter treatments 
may be due to drought stress because of the low soil moisture. Drought stress has been found to 
decrease enzyme activity in Mediterranean forests (Sardans & Peñuelas, 2005; Li & Sarah, 2003; 
Ogaya & Peñuelas, 2004).   
The double litter treatments respired the most, and the no litter treatments respired the 
least regardless of glucose or cellulose addition (Figure 1). This trend is similar to ones found in 
Lajtha et al (2014a, 2014b) and the initial respiration measurement found in Bowden et al 
(1992). However, Lajtha et al (2014a) found that when respiration of C is measured per gram dry 
weight there was no significant difference across treatments; which was observed in our natural 
decomposition incubation. The control and double litter still had higher cumulative respiration 
rates compared to the no litter even if not significantly different (Lajtha et al, 2014a,b; Bowden 
et al, 1992, Crow et al., 2009). The percent 13C remaining in both incubations followed the trend 
of the no litter treatment with an increased amount of labeled substrate remaining. In the glucose 
incubation the control treatment utilized a greater amount of the labeled substrate.  
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qSIP 
 Fungal phyla and subphyla with an EAF 13C greater than the average for the glucose and 
cellulose treatments were Mucoromycota, Kickxellomycotina, Chytridiomycota, Ascomycota and 
Basidiomycota. Members of these groups are known cellulose degraders and utilize glucose 
(Eichorst & Kuske, 2012; Baldrian & Valášková,, 2008; Lynd et al, 2002). The orders that were 
present in the soil, but did not have a high 13C EAF were Archaeorhizomycetales (Ascomycota), 
Agaricales, Cantharelalles, Leucosporidiales, Russulales (Basidiomycota), Rhyzophlyctidales 
(Chytridiomycota), LKM11 (Cryptomycota), Kickxellales (Kickxellomycotina) and Mucorales 
(Mucoromycota). Archaeorhizomycetales is known to live close to plant roots and co-occur with 
the arbuscular mycorrhizae fungal group Glomerales (Choma et al., 2016). Agaricales has the 
capability to degrade lignin (Hanson et al., 2008) and is a soil saprobe along with the 
Basidiomycota orders of Cantharellales, Leucosporidiales and Russulales (Matheny et al., 2006; 
Veldre et al., 2013; Sampaio et al., 2003; Geml et al., 2010). Cantharellales and Russulales have 
members that are ectomycorrhizal symbionts (Veldre et al., 2013; Geml et al., 2010). 
Rhyzophlyctidales is a known soil saprobe that degrades crystalline cellulose (Gleason et al., 
2011; Letcher et al., 2008). LKM11 is a parasitic order that parasitizes “zoosporic fungi” (Lara et 
al., 2010). The order Kickxellales can be a mycoparasite on mucoroid fungi (Humber, 2008). 
This order along with LKM11 would have indirect substrate usage because they have a parasitic 
lifestyle. Mucorales has the ability to produce chitinolytic enzymes and utilize simple 
carbohydrates and are known soil saprobes (Kwasna et al., 2006; Ziaee et al., 2016). All of these 
orders have the capability to utilize labile and recalcitrant substrates. Some of them assimilate 
the C through direct substrate usage because they have the enzymatic capacity to do so. Others 
assimilate C indirectly due to parasitic lifestyles. Some orders like Mucorales can utilize other 
substrates that are not cellulose or glucose. 
  Fungal OTUs had similar mean EAF 13C between treatments and substrate incubations. 
This suggests that fungal OTUs are equally capable of utilizing both substrates. Fungi on average 
had a greater enrichment of 13C (higher mean EAF 13C) in both the cellulose and glucose 
incubations than bacteria. Bacteria had a lower mean EAF 13C in the cellulose incubations, 
especially the no litter treatment, than the glucose incubations. There were greater numbers of 
bacterial OTUs that were observed to have the capability to utilize glucose than cellulose. This 
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was expected because in past studies it has been determined that bacterial decomposition was 
mostly labile substrates like glucose (De Graaff et al, 2010; de Vries & Caruso, 2016). Many of 
the glucose utilizing OTUs belonged to the phyla Proteobacteria with some members of 
Bacteroidetes. Most of the bacteria OTUs that utilized cellulose belonged to Bacteroidetes 
regardless of litter treatment. Proteobacteria and Bacteroidetes OTUs are known to have 
cellulose and glucose degradation characteristics (Eichorst et al, 2013; Kumar & Khanna, 2014; 
Lynd et al, 2002).  
 Bacterial OTUs had on average similar patterns in C assimilation (EAF 13C) between 
treatments and substrates. This suggests that bacterial OTUs will assimilate similar amounts of 
labeled-substrate regardless the history of leaf litter inputs. The strongest correlations were found 
between the treatments for the glucose incubations (Figure 5), which supports the majority of 
bacterial OTUs utilize labile substrates like glucose regardless of litter manipulation. The weaker 
correlations for substrate usage across treatments were for the cellulose incubations and the 
cellulose and glucose treatment incubations. The correlations between the treatments for 
cellulose and glucose were weak, which demonstrate that bacterial OTUs that are proficient at 
assimilating glucose are not necessarily proficient at assimilating cellulose and vice versa. 
Fungal OTUs were not as correlated. A trend that appears is that fungal OTUs will have similar 
EAF 13C in the double litter and no litter treatments regardless of substrate incubation. However, 
the overarching trend is that fungal OTUs EAF 13C varies with treatment and substrate. 
 The fungal community that was present in the DIRT plots varied in which OTUs had the 
highest EAF 13C in substrate incubation and treatment. All of the phyla had member OTUs that 
had a high EAF 13C and were capable of utilizing both substrates in at least one litter input 
treatment. Overall, the difference in the amount of leaf litter may cause the OTUs to utilize the 
substrates at different rates. 
 For instance, some of the glucose assimilators were from phylum Basidiomycota, 
Ascomycota and Mucoromycota. The order Tremellales of Basidiomycota are known as 
cellulolytic fungi that are present in the soil (Vishniac, 2006; Nakase et al., 1996; Voříšková et 
al., 2014), but had some of the highest EAF 13C values in the glucose no litter and control 
treatment incubations. Eurotiomycetes a class from Ascomycota had the highest EAF 13C in the 
glucose control incubations. This class consists of members that are able to decompose cellulose 
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and produce secondary metabolites that inhibit growth of other microorganisms in soil (Fan et 
al., 2012; Santamarina et al., 2002). Mortierellales from phylum Mucoromycota had the highest 
EAF 13C in the double litter treatment. This order is mostly saprobic soil fungi and are known to 
utilize simple carbohydrates like glucose (Wagner et al, 2013; Kwaśna et al., 2006; Hanson et 
al., 2008).  
 The cellulose incubations had three phyla with high EAF 13C; Ascomycota, 
Mucoromycota and Chytridiomycota.  In the cellulose control Umbelopsis, from order 
Mucorales, had an EAF 13C of 0.32. Umbelopsis is known to have the capabilities to produce 
enzymes to degrade cellulose (Štursová et al, 2012; Baldrian et al, 2011). Another member of 
Mucoromycota, Endoganales and Saccharomycetales from Ascomycota were present in the no 
litter cellulose incubation. Order Endoganales has been known to be present in cereal 
fermentation and produces the enzyme BG in this process (Li et al, 2015) and have been found as 
saprotrophs on plant remains in soil (Yu, 2009). Saccharomycetales are known to be a soil 
saprobe and a “sugar fungus”. This order utilizes by-products of cellulose degradation like 
cellobiose and glucose (Suh et al., 2006). The increased 13C EAF that is observed is due to 
indirect substrate usage. Another microbe is breaking down the 13C- labeled cellulose substrate 
and Saccharomycetales has assimilated the byproducts. In the cellulose double litter incubation, 
Chytridiomycetes had the highest EAF 13C. Members of this class are found in soil and are 
known to be parasitic. Some members had been found to be able to degrade cellulose (Powell, 
1993; Mitchell & Deacon, 1986). 
Members of Bacteroidetes and Proteobacteria dominated the degradation of cellulose 
and glucose respectively, and both groups have members that have the capability to degrade 
cellulose (Eichorst et al, 2013; Kumar & Khanna, 2014; Bruce et al, 2010). In all cellulose 
substrate incubations, the members that had the greatest EAF of 13C belonged to family 
Cytophagaceae and are known degraders of cellulose (McBride et al, 2014) and were members 
of genus Sporocytophaga and Cytophaga (Lynd et al, 2002; Jensen, 1940; Stanier, 1942a; 
Stanier, 1942b; Stursova et al, 2012). Also, Cytophagaceae demonstrated a high EAF 13C in the 
glucose incubations. Proteobacterial taxa were found in all glucose treatments and had the 
highest EAF 13C. Members of this phylum are known to utilize glucose (Fuhrer et al, 2005). 
Members from the families Bdellovibrionaceae and Bacteriovoracaceae were in all treatments 
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and had the greatest EAF 13C in the glucose incubations. Bdellovibrio bacteriovorus was present 
in the double litter treatment and had an increased EAF 13C in the cellulose control incubation. 
These two families have members that are predators of other microbes and have been found in 
forests (Rendulic et al, 2004; Tian et al, 2010; Davidov et al, 2006). A greater EAF 13C in the 
glucose incubations by these groups can be attributed to the predation lifestyle of these 
microorganisms and their direct usage of the glucose substrate. By being predators these 
organisms may have preyed on other bacteria that utilize the labeled glucose substrate, which 
would increase the EAF 13C for these microorganisms along with their direct consumption of 
glucose. 
Conclusion 
  We found that fungal OTUs utilize cellulose and glucose on average greater than 
bacteria; which makes bacteria appear not as important in the degradation of cellulose and 
indicates they may not be better at scavenging glucose. However, the total abundance of bacteria 
was greater than fungi, suggesting that despite lower amounts of C assimilation per unit biomass 
their cumulative activity may have a large influence on glucose and cellulose degradation. There 
was a significant number of bacterial OTUs that had little or no13C assimilation, which suggest 
those OTUs may be dormant or utilizing alternative substrates. The other bacterial, not dormant, 
OTUs may be important in cellulose degradation and competitive in glucose assimilation. 
Overall, litter inputs did not affect the assimilation of the C substrates by bacteria but did affect 
the 13C assimilation by fungi. A pattern of similar rates in EAF 13C across treatments and 
substrate usage was observed with Proteobacteria and Bacteroidetes utilizing glucose and 
cellulose substrates at similar rates, respectively. Bacterial OTUs substrate usage varied with 
substrate and treatment with lowest usage in the cellulose no litter treatments. Fungal OTUs had 
few correlations between substrate and treatment. In conclusion, bacterial usage of substrates 
was similar regardless of the amount of litter present, whereas fungi usage may vary. 
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Tables
 
 
 
 
 
 
 
 
  
Treatment % Soil Moisture 
% Soil 
Organic 
Matter 
Water-
holding 
Capacity 
Organic 
Horizon 
(cm) 
C:N 
Control 30.27 (1.24)a 
11.50 
(0.58) 
1.00 
(0.09)a 
3.70 
(0.96)a 
20.5 
(0.43) 
No Litter 31.26 (1.22)a 
10.93 
(0.78) 
0.76 
(0.02)b 
0.77 
(0.48)b 
22.3 
(0.79) 
Double 
Litter 
27.35 
(0.97)b 
10.37 
(0.89) 
0.81 
(0.063)a 
5.47 
(0.85)c 
21.3 
(0.38) 
Table 1: The mean (standard error) soil characteristics of treatment plots (n=3). If treatments 
are similar by Tukey’s HSD letters denote this. Similarities are within a column 
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Treatment Control No Litter Double Litter 
 
Total fungal 
biomass 
 
4.91(1.71) 4.74(2.23) 8.44(2.86) 
 
Total bacterial 
biomass 
 
26.34(4.84)a 25.75(7.89)a 42.51(5.78)b 
 
Total fungal and 
bacterial biomass 
 
31.25(6.08)a,b 30.49(9.80)b 50.95(8.65)a 
 
Actinomycetes 
 
2.93(0.75)a.b 0.88(1.53)a 5.02(1.32)b 
 
Total 
Microbial biomass 
 
34.18(6.83)a 31.37(9.30)a 55.96(9.93)b 
 
Fungal:Bacterial 
ratio 
0.17(0.03) 0.18(0.03) 0.17(0.02) 
Table 2: Effects of litter treatment on the mean relative biomass (nmol/g) of bacterial and 
fungal phospholipid fatty acids (standard error). If treatments are similar by Tukey’s HSD this 
is denoted by letters. Total bacterial biomass is the sum of all general bacterial markers, gram 
negative and gram positive bacterial markers and does not include Actinomycetes. 
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  Glucose Cellulose 
Days Control No litter Double Litter Control No litter Double Litter 
BG
(S
E)
 0 2813(1005) 3276(603)a 2031(445)a 2813(1005) 3276(603) 2013(445) 
7 3409(464) 3607(1830)a 2681(557)a 2864(1002) 3340(579) 1995(1629) 
21 2535(412) 3615(577)a,b 4044(1412)a,b 1749(331) 3869(1176) 2787(353) 
42 3106(696) 5890(2065)b 4401(1529)b 2835(787) 4743(929) 3523(455) 
C
BH
(S
E)
 0 311(64) 500(127) 369(94) 311(64) 500(127) 369(94) 
7 438(181) 338(144) 320(51) 239(18) 372(109) 174(137) 
21 336(20) 509(158) 265(226) 180(65) 391(95) 234(57) 
42 406(193) 710(224) 622(413) 249(71) 484(140) 406(137) 
Table 3: Effect of litter treatment on mean enzymatic rate (nmol hr-1 gOM -1) of BG and CBH 
(standard error). If activity within a treatment and enzyme (column) over time are similar by 
Tukey HSD then denoted by letters. 
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 # of orders observed  
 Glucose Cellulose  
Phylum/Order No 
Litter Control 
Double 
litter 
No 
Litter Control 
Double 
litter Total 
Ascomycota 7 8 6 12 4 4 41 
Archaeorhizomycetales 2 3 2 2 0 0 9 
Saccharomycetales 5 5 4 10 4 4 32 
Basidiomycota 8 6 3 3 6 5 31 
Agaricales 1 2 0 0 1 1 5 
Cantharellales 1 0 0 0 0 0 1 
Leucosporidiales 2 0 0 0 1 0 3 
Russulales 1 1 0 0 1 1 4 
Tremellales 3 3 3 3 3 3 18 
Chytridiomycota 3 3 1 3 4 3 17 
Chytridiales 3 2 1 3 4 3 16 
Rhizophlyctidales 0 1 0 0 0 0 1 
Cryptomycota 4 2 4 6 4 4 24 
LKM11 4 2 4 6 4 4 24 
Kickxellomycotina 3 1 2 2 0 3 11 
Kickxellales 3 1 2 2 0 3 11 
Mucoromycota 18 22 21 20 22 18 121 
Endogonales 2 2 2 3 2 2 13 
Mortierellales 10 12 12 9 13 10 66 
Mucorales 6 8 7 8 7 6 42 
Other 8 5 5 6 6 6 36 
 
  
Table 4: Richness of OTUs observed within fungal orders and phyla in the different litter 
treatments. Category “Other” were sequences that were categorized as unknown fungi or 
Dikarya.  
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Figures 
 
  
Figure 1: The effect of historical detrital input on cellulose (A&B), glucose (C&D) and 
natural (E) decomposition. Cumulative soil respiration showing the mean (SE) total carbon 
respired (A, C & E) and the percent 13C-labeled substrates remaining (B&D). Two-way 
repeated ANOVA and Tukey HSD are represented by lower case letters. Significant 
differences on day 42 are denoted with lower case letters. 
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Figure 2: Fungal OTU-specific atom fraction excess of 13C in the glucose (top row) and 
cellulose (bottom row) incubations. Shifts are caused by the assimilation of the labeled 
substrate into DNA in the control (left), no litter (middle) and double litter (right) 
treatments. Bars show medians and 90% CIs. 
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Figure 3: Bacterial OTU-specific atom fraction excess 13C in the glucose (top row) and 
cellulose (bottom row) incubations. Shifts are caused by the assimilation of the labeled 
substrate into DNA in the control (left), no litter (middle) and double litter (right) 
treatments. Bars show medians and 90% CIs. 
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Figure 4: Histograms of atom fraction excess of 13C for fungal (Rows 1&2) and bacterial 
OTUs (Rows 3&4) in the glucose (Rows 1&3) and cellulose (Rows 2&4) incubations. 
Treatments are organized by column; control (left), no litter (middle) and double (right). 
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Figure 5: Spearman correlation of atom fraction excess of 13C across treatments. Only 
correlations with a significant p-value shown. Bacterial correlations (left) had significant 
correlations between treatments and substrates. Fungal correlations (right) only had a few 
significant correlations. 
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